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A B S T R A C T

Background: Matrix vesicles (MVs) are released from hypertrophic chondrocytes and from mature osteoblasts,
the cells responsible for endochondral and membranous ossification. Under pathological conditions, they can
also be released from cells of non-skeletal tissues such as vascular smooth muscle cells. MVs are extracellular
vesicles of approximately 100–300 nm diameter harboring the biochemical machinery needed to induce mi-
neralization.
Scope of the review: The review comprehensively delineates our current knowledge of MV biology and highlights
open questions aiming to stimulate further research. The review is constructed as a series of questions addressing
issues of MVs ranging from their biogenesis and functions, to biomimetic models. It critically evaluates ex-
perimental data including their isolation and characterization methods, like lipidomics, proteomics, transmission
electron microscopy, atomic force microscopy and proteoliposome models mimicking MVs.
Major conclusions: MVs have a relatively well-defined function as initiators of mineralization. They bind to
collagen and their composition reflects the composition of lipid rafts. We call attention to the as yet unclear
mechanisms leading to the biogenesis of MVs, and how minerals form and when they are formed. We discuss the
prospects of employing upcoming experimental models to deepen our understanding of MV-mediated miner-
alization and mineralization disorders such as the use of reconstituted lipid vesicles, proteoliposomes and, native
sample preparations and high-resolution technologies.
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General significance: MVs have been extensively investigated owing to their roles in skeletal and ectopic mi-
neralization. MVs serve as a model system for lipid raft structures, and for the mechanisms of genesis and release
of extracellular vesicles.

1. Introduction

Matrix vesicles (MVs) are released by hypertrophic chondrocytes
and from mature osteoblasts, i.e., the cells responsible for endochondral
and membranous ossification [1,2]. In addition, MVs from odontoblasts
contribute to initiate the mineralization of mantle dentin during den-
tinogenesis [3,4]. Under pathological conditions, MVs can also be re-
leased from non-skeletal tissues such as vascular smooth muscle cells
(VSMCs) [5–7]. The similarities and differences between MVs released
from skeletal and non-skeletal tissues have been well covered pre-
viously [2,8]. Since there are already excellent reviews on MVs released
by skeletal and cartilaginous tissues [8–12], we will focus our discus-
sion on issues that are still controversial in MV biology. This review is
addressing a series of questions, all of which seek to stimulate further
research on MV function and their clinical utility.

2. Description of MVs

2.1. What do we mean by MVs?

Spherical microstructures can be defined as structures of
40–1000 nm diameter. Extracellular vesicles (EVs) are membrane-en-
closed microstructures which can be broadly classified into at least into
four main classes [13], based primarily on their size and presumed

biogenetic pathways: (a) apoptotic bodies (ABs) of 500–1000 nm dia-
meter and released by cells undergoing programmed cell death, (b)
microvesicles as membranous vesicles of 50–1000 nm diameter that are
produced by budding from the plasma membrane, (c) exosomes (EXs),
40–100 nm diameter vesicles considered to be of endocytosis origin
and, lastly, (d) other types of vesicles including plasma membrane ve-
sicles (PMVs) and organelle membrane fractions (OMFs). MVs are of
100–300 nm diameter [1,2,9–11] (Figs. 1 and 2), able to bind to col-
lagen in vitro [14–17] and to form apatite within 1–3 h in a medium
containing 2 mM calcium and 1–2 mM phosphate [18–20]. Three
phosphatases have to-date been implicated in the concerted regulation
of inorganic pyrophosphate (PPi) as evidenced by studies in genetically
modified mice [21–24] and in their isolated MVs [23,25]. One is or-
phan phosphatase 1 (PHOSPHO1) present in the lumen of MVs [26],
which releases inorganic phosphate (Pi) from phosphocholine, derived
from sphingomyelin (SM) by the action of sphingomyelin phospho-
diesterase 3 (SMPD3) located at the inner surface of the MV membrane
(Fig. 3). Two ectophosphatases, namely, ectonucleotide pyropho-
sphatase/phosphodiesterase 1 (ENPP1, or NPP1) and tissue-nonspecific
alkaline phosphatase (TNAP), act in concert on the outer surface of MVs
to regulate the extracellular PPi/Pi ratio. ENPP1 produces PPi as well as
Pi from adenosine 5′-triphosphate (ATP), while TNAP hydrolyzes both
ATP and PPi to form Pi [27]. Phosphate transporter 1 (PiT-1) helps
incorporate Pi into MVs [28,29] (Fig. 3A), while annexins may be

Fig. 1. Electron transmission micrographs of MVs. MVs
extracted from chicken embryo growth plate cartilages
were round structures with a diameter ranging from
100 to 250 nm. (Magnifications: (A), ×53,000; (B),
×100,000; (C), ×75,000; (D), ×100,000).
Adapted from [20].
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involved in the binding and transport of Ca2+ and in the biophysical
process that initiates mineralization in the MV lumen [30] (Fig. 3B).
Several members of the vertebrate annexin (AnxA) family (AnxA1,
AnxA2, AnxA5, Anx A6 and AnxA7) are present in MVs [31,32]. They
may be found in the lumen, on the inner leaflet of the bilayer in contact
with phosphatidylserine (PS), or outside on the surface of MVs
(Fig. 3B). AnxA5 [33,34], AnxA6 or an unidentified calcium channel
(UCC) may function as a calcium carrier. Annexins [35] and TNAP [36]
also have collagen-binding capacity, a property that may help align
MVs along collagen fibers (Fig. 3C) to promote propagation of

mineralization onto the extracellular matrix (ECM) scaffold. Fetuin A
[37,38] and osteopontin (OPN) [39–41] are inhibitors of apatite for-
mation and can restrict further propagation of mineralization within
the ECM (Fig. 3C). For instance fetuin A has been proposed to be re-
sponsible for the restriction of mineralization to the collagen scaffold in
bone [42].

2.2. Are there several types of MVs?

There is only one type of MVs. During extraction and purification of

Fig. 2. Atomic force microscope image of an MV
released by primary chondrocytes. Cells were
isolated from WT mouse and grown in differ-
entiation medium (α-MEM with 10% FBS and
50 mg/mL ascorbic acid) for 18 days. MVs were
isolated through digestion of the cell monolayer
with collagenase followed by two-step differ-
ential ultracentrifugation, and dropped onto a
freshly cleaved mica substrate. The substrate was
dried under vacuum and scanned by means of an
AFM (model 5500 AFM, Keysight Technologies,
Santa Rosa, CA). (A), topography image; (B),
phase image; (C), three-dimensional reconstruc-
tion of the topography image along the direction
indicated by the white arrow in A.

Fig. 3. Schematic depiction of our current un-
derstanding of the biochemical pathways in-
volved in MV-mediated initiation of skeletal,
dental and vascular mineralization. For the sake
of simplicity, the main functional components in
MVs are divided in two parts: (A), Pi turnover.
Currently available data are compatible with the
following sequence of events: MVs initiate mi-
neral deposition by accumulation of Pi generated
intravesicularly by the action of PHOSPHO1 on
phosphocholine (PC) derived from sphingo-
myelin (SM) by the action of SMPD3, and also via
PiT-1-mediated incorporation of Pi generated
extravesicularly by TNAP and/or NPP1. The ex-
travesicular propagation of mineral onto the
collagenous matrix is mainly controlled by the
pyrophosphatase activity of TNAP that restricts
the concentration of PPi, a potent mineralization
inhibitor, to establish a PPi/Pi ratio conducive to
controlled mineralization. How MVs are formed
is still unclear but emerging evidence indicates
that PHOSPHO1 is involved in MV biogenesis.
(B), Ca2+ turnover. Mineral deposition in MVs is
initiated by accumulation of Ca2+ in-
travesicularly by the action of calcium carriers
like annexins (AnxA), or unidentified calcium
carriers (UCC). Annexins may be located in the
lumen of MV or may bind to phosphoserine (PS)-
rich membrane domains on the inner surface, or

the outer surface of MVs. Some annexins at slightly intracellular acidic pH may protrude MV membrane and form transmembrane like ion channels. Benzodiazepine derivative K201 was
known to be a potential inhibitor of annexin calcium channel activity and reduced the ability of the MVs to subsequently mineralize collagen fibers. (C), Propagation of apatite crystals in
the ECM. It is unclear how apatite crystals formed within MVs propagate onto the collagenous matrix. The attachment of MV to the collagenous extracellular matrix (ECM) via a number of
collagen-binding proteins has been proposed. Osteopontin (OPN), or fetuin A (not shown), which are potent mineralization inhibitors that bind to apatite as soon as it is exposed to the
extracellular fluid, further restricts the degree of ECM mineralization.
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chondrocyte-released MVs without collagenase, [43–45], usually two
bands of membranous layers are visible on Percoll gradients [44], while
four bands of membranous layers (Fig. 4) are found in sucrose gradients
[45]. The less dense membrane fraction with the highest lipid-to-pro-
tein ratio (around 3 mg/mg), the highest specific TNAP activity and the
highest ability to form apatite, corresponds to MVs [45]. Addition of
collagenase increases the yield of released MVs. There are other types of
EVs released into the culture media, which are different from those
trapped in the ECM [46–49]. These EVs, called media vesicles by Wu-
thier [10], include ABs, EXs, PMVs and OMFs, and have different lipid
compositions [47] than mineralization-competent MVs. MVs are en-
riched in cholesterol (CHOL), SM and phosphatidylserine (PS) [10].
Consistent with this, other types of vesicles may have detectable TNAP
activity but they usually do not form apatite [45].

3. Biogenesis of MVs

3.1. At what stages of cellular differentiation are MVs produced?

The biogenesis of MVs coincides with the sequence of events leading
to apoptosis or programmed cell death in the case of chondrocytes [50],
hence the formation of MVs from hypertrophic chondrocytes [51–55].
Hypertrophic chondrocyte differentiation is associated with high TNAP
activity, and the synthesis and secretion of type X collagen following
that of type II collagen by proliferating and pre-hypertrophic chon-
drocytes [17,51–53]. Expression of type I collagen by hypertrophic
chondrocytes might be associated with differentiation into osteoblast-
like cells [55–57]. The release of MVs by osteoblasts is stimulated in
osteogenic medium containing ascorbic acid and beta-glyceropho-
sphate [58]. Type I collagen and fibronectin matrix deposition in the
ECM are required for osteoblast differentiation [59,60]. Since MVs are
produced during the late stages of cell differentiation, this prompted the
question of their origin as compared to that of ABs [61]. Available data
point to a different provenance of these two vesicular entities [62,63].
MVs and ABs can probably be formed concomitantly since only mature
osteoblasts mineralize their matrix and only terminally differentiated
growth plate chondrocytes release MVs [64]. Moreover, ABs might also
be involved in mineralization in vitro since inhibition of apoptosis re-
duced mineralization in cultured hypertrophic chondrocytes [65] and
in trans-differentiated VSMCs [66], which are involved in medial vas-
cular mineralization. Immature chondrocytes and osteoblasts, which
exhibit low TNAP activity, do not mineralize and therefore EVs pro-
duced by these not fully differentiated cells are less likely to have MV
characteristics and should not be called MVs.

3.2. How homogenous are MVs?

Most of the controversy about the biogenesis of MVs arises from the
fact that EVs remain poorly characterized and from difficulties in ob-
taining a homogeneous vesicle population. The majority of the pur-
ification methods do not yield a single type of EVs [67]. This is also true
for the purification of MVs. As pointed out by Wuthier, despite intensive
efforts during several decades to optimize methods of extraction
[18,43,45,68–74], there is still no perfect method to isolate MVs [10].
The comparison between different extraction methods of MVs including
collagenase-treatment with those used to isolate other types of EVs,
including EXs, have been already reported [45,71]. From a historical
point of view, the earlier findings on MVs were done using collagenase
treatment on material isolated from chicken embryo or rachitic rat
epiphyseal growth plates by collagenase treatment, which contained a
larger proportion of MVs compared to extraction from primary cells
[10]. Furthermore, one of the most challenging aspects of sample pre-
paration is establishing approaches that faithfully preserve biological
material in situ in a fully hydrated state. This is of particular importance
when handling biological samples like MVs that include membranes, to
prevent the collapse of the three-dimensional volume and extraction of
the contents upon dehydration. It is tempting to speculate that sample
preparations underlie much of controversial issues in MV biology.

3.3. Are MVs released by budding from the plasma membrane?

Based on data from freeze-fracture electron microscopy samples, it
was proposed that MVs are released by budding from the plasma
membrane of hypertrophic chondrocytes [47,74–78]. The budding
takes place at the polarized apical side of these cells [74,75]. Microvilli-
like membranes were found to be the precursor of MVs [47]. MV release
is triggered by depolymerization of the actin cytoskeleton [47]. A
proteomic analysis of MVs isolated from growth plates of chicken em-
bryos revealed several markers for microvilli including TNAP, 5′-nu-
cleotidase, annexins [AnxA2, AnxA5, AnxA6], transporters (e.g., Na+/
K+ ATPase, monocarboxylate transporter 1, transient receptor potential
channel V member 4), receptors (e.g., scavenger receptor class B, in-
tegrin alpha-V, glycoprotein HT7, CD9), cytoskeleton proteins (e.g.,
actin, actinin, tubulins, radixin), regulatory proteins (e.g., G proteins,
protein kinase C), heat shock proteins, alpha-2 macroglobulin and
translation elongation factor 2 [31]. Lipidomic analysis of MVs from
chondrocytes revealed similar composition of fatty acids in microvilli-
like membranes and MVs [79]. In contrast, MVs, as well as microvilli-
like membranes, have different lipid compositions compared to those of
basolateral membranes [79] or plasma membranes [80], confirming
that MVs originate from apical microvilli-like membranes of

Fig. 4. Membrane fraction profiles of collagenase-released MVs
or of MV enriched microsomes without collagenase treatment.
Femurs from 17-old day chicken embryo were washed in syn-
thetic cartilage lymph medium. They were homogenized and
subjected with or without collagenase treatments. Then, mem-
brane fractions were isolated during several differential ultra-
centrifugations. The pellet was subjected by a sucrose gradient
composed (from the bottom to the top) of 1.6 M (3 mL), 1.2 M
(8 mL), 0.9 M (9 mL), and 0.6 M (9 mL) sucrose dissolved in
synthetic cartilage lymph. Then it was centrifuged at
100,000 ×g for 60 min at 4 °C. Left panel: MV enriched micro-
somes obtained without collagenase treatment indicated four
membranous fractions (A–D) after ultracentrifugation. Right
panel: Collagenase-treatment released two membrane fractions
(A, B, bold line). One fraction (A) corresponds to MVs as in-
dicated by high alkaline phosphatase activity (ALP). Omission of
collagenase treatment leaded to four membrane fractions (A, B,
C, D, normal line) having less MVs as indicated by lower ALP
activity in fraction A. Fraction A was unambiguously assigned to
MVs due to its mineralization property.
Adapted from [45].
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hypertrophic chondrocytes [80]. Concerning the biogenesis of MVs
released from osteoblasts, most of the findings were obtained from
human osteoblast-like cells, Saos-2 cells [32,81] and from MC3T3 cells
[82–85] or bone tissues [86,87]. TEM revealed budding of clustered
MVs from MC3T3 osteoblasts that were either disassembled sponta-
neously or became attached to collagen fibers [85]. In bone tissues,
vesicular protrusions arising from areas of the plasma membrane of
osteoblasts were detected by immunostaining using a monoclonal an-
tibody against TNAP [86] or by the freeze-fracture method [87] sug-
gesting MV budding. MV formation from Saos-2 cells was stimulated by
addition of cytochalasin D, an inhibitor of actin microfilament poly-
merization, indicating that destabilization in cytoskeletal structures
induces MV release from Saos-2 cells [81]. The MV budding occurs at
the apical side of microvilli-like membranes of Saos-2 cells since the
lipid composition in MVs is very similar to that of apical membrane
with relatively high content of CHOL (Table 1), PS and SM (Table 2)
[81]. This is corroborated by the enzymatic activities of markers of
plasma membrane (TNAP), inner mitochondrial membrane (succinate
dehydrogenase), outer mitochondrial membrane and endoplasmic re-
ticulum (NADH oxidase), lysosome (acid phosphatase) and apical
membrane (leucine aminopeptidase) (Table 3). MVs have no significant
enzymatic activities characteristic of mitochondrial, lysosomal or en-
doplasmic reticulum membranes (Table 3). However, MVs possess sig-
nificant enzymatic activity of leucine aminopeptidase as in the case of
microvilli, pointing out that MVs from osteoblasts originate from apical
microvilli-like membranes, and not from lysosomes nor from the en-
doplasmic reticulum (Table 3). Employing emerging imaging technol-
ogies such as super resolution light or high resolution cryo electron
microscopies [88–90] will provide the means to faithfully preserve the
sample content as well as provide accurate three-dimensional spatial
perspective for these fascinating vesicles in their native environment.

3.4. What are the differences between EXs and MVs?

The biogenesis of EXs differs from that of MVs [84,85]. EXs are
formed during endocytosis from plasma membrane, are broken into
smaller vesicles and repackaged into larger multivesicular structures in
the cytoplasm of the cells and finally they are secreted to the extra-
cellular medium [85]. We cannot exclude the possibility that mineral-
competent cells can produce MVs and EXs concomitantly, together with
ABs and other types of vesicles. EXs (or other types of EVs purified by a
two-three ultracentrifugation steps) and MVs (collagenase treatment
followed by a two-three ultracentrifugation steps) have distinct prop-
erties [45,71]. MVs bind to surrounding ECM [14–17], while EXs do not
bind to the ECM [12]. Comparisons based on the same material (growth
plates of femurs and epiphyseal cartilage from chicken embryo) be-
tween the procedure of extraction of EXs (without the use of col-
lagenase) and the procedure of extraction of MVs (with the use of
collagenase) yielded different types of vesicles, having distinct miner-
alization properties [45]. After sucrose gradient fractionation, four
distinct membranous fractions were obtained following the usual ex-
traction method of EXs (Fig. 4), while two membrane fractions were
obtained after collagenase treatment [45]. The less-dense membrane
fraction had the highest TNAP activity, highest CHOL content and the
highest mineralization rate as compared to the other membrane frac-
tions [45]. In contrast, the four membrane fractions obtained by sucrose
gradient from the usual extraction method of EXs, yielded membrane
fractions having less TNAP activity and poor mineralizing properties
compared to collagenase-released MVs [45]. Thus, the method of ex-
traction of EXs and the method of extraction of collagenase-released
MVs produced distinct types of vesicles from the same bone tissues
[45], confirming that several types of EVs can be produced by miner-
alization-competent cells. This does not rule out the possibility of a
selective apical targeting of lipids and proteins from the trans-Golgi
network or from the endosomal compartments to MV membranes, prior
to MV budding. However, MVs which are obtained after collagenase

treatment are distinct from EXs (obtained without collagenase treat-
ment). Skeletal mineralization takes place through a carefully orche-
strated process thought to begin within the confines of the chondrocyte-
containing growth plate. MVs then bind to the ECM via collagen fibers
that serve as a scaffold. Available biochemical and genetic data are
compatible with this sequence of events. However, it is unclear how
MVs are formed and little is known about how the apatite crystals are
formed within MVs, how they are propagated from the MVs onto the
collagenous matrix and how the apatite or other types of minerals are
propagated. While in vitro apatite formation can proceed via a chemical
transition from amorphous calcium phosphate (ACP) during the in-
duction phase to octacalcium phosphate (OCP) during the rapid ac-
quisition stage and finally to apatite during the plateau phase [10],
these transitions have never been observed in the ECM in vivo.

4. Properties and functions of MVs

4.1. Do MVs correspond to lipid raft structures?

MVs isolated from growth plate cartilage have a higher content of
CHOL, SM, and PS [45,80,91] and longer fatty acids [79] than EVs
isolated from homogeneous membranes. Among the usual protein
markers of lipid rafts [92], AnxA6, carboxypeptidase M, H+ ATPase, G-
proteins, and TNAP are found in MVs isolated from epiphyseal growth
plate cartilage [31]. Proteomic analysis of MVs isolated from osteoblast-
like Saos-2 cells indicated the presence of glycosylphosphatidylinositol
(GPI) anchored, myristoylated and palmitoylated proteins targeting
sphingolipid- and CHOL-enriched membranes [32]. MVs from osteo-
blasts are also enriched in CHOL, SM and PS (Tables 1 and 2). The fact
that MVs are enriched in SM is significant as SM, via the enzymatic
action of SMPD3, is converted to phosphocholine that is then used by
PHOSPHO1 to produce Pi intravesicularly. Importantly, insufficient
PHOSPHO1 activity leads not only to suppressed MV-mediated miner-
alization but also to severely reduced MV biogenesis [29,93,94].
SMPD3 has also been implicated in the production of vesicles by VSMCs
[95], so it seems that SM metabolism may be a crucial component of
MV biogenesis. The lipid-raft characteristics [96,97] of MVs indicate
that MVs from both chondrocytes and osteoblasts originate from lipid
raft domains. MVs can be considered as a model of lipid raft domain
due to their selective lipid and protein recruitments, with the additional
advantage of being extracted without detergent.

4.2. Are MVs necessary to induce mineralization?

It is generally agreed that formation of apatite as well as in vitro
mineralization necessitates a nucleation process [1,98–100]. Calcium
(~1–2 mM) and phosphate (~1–2 mM) concentrations are metastable
under physiological conditions [101] and facilitate formation of cal-
cium phosphate complexes. Several inhibitors of mineralization

Table 1
Lipid composition of basolateral membranes, microvilli and matrix vesicles. BLM, baso-
lateral membranes; Microvilli (from apical membranes); MVs, matrix vesicles; TAG,
triacylglycerols; FFA, free fatty acids; CHOL, cholesterol; DAG, diacylglycerols; MAG,
monoacylglycerols. Chromatogram scans were analyzed by densitometry using ImageJ
software. Values are expressed as apparent percentages (intensity of the lipid to intensity
of total lipids) (Results are mean ± SD, n = 3).
Adapted from [81].

BLM Microvilli MVs

% of total lipids

TAG 24.4 ± 1.6 14.8 ± 2.4 14.3 ± 1.2
FFA 23.7 ± 1.9 23.6 ± 2.2 22.1 ± 1
CHOL 27.5 ± 1.5 45.9 ± 3.6 46.7 ± 3.2
DAG 10.2 ± 1.2 10.2 ± 0.8 10 ± 0.9
MAG 14.2 ± 1 5.5 ± 0.6 6.8 ± 0.9
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including PPi [102], phosphorylated osteopontin (OPN) [103], matrix
Gla protein [104,105], and fetuin A [106] can prevent apatite forma-
tion. The formation of apatite is preceded by a nucleation step
[1,98–101,107] and/or by an intermediate formation of ACP
[100,101,108,109]. Apatite in a crystalline phase is induced by a nu-
cleation step, even if it is generated from ACP. The nucleation can be
induced without MVs in vitro by chemical agents such as citrate
[110,111], dimethyl sulfoxide [112] and other natural pro-nucleation
agents such as positively charged amino acids [113], aspartic acid
[113,114], acidic carboxyproteins and phosphoproteins [115–117],
bone sialioprotein [118], proteins of the enamel matrix (ameloblastin,
amelogenin, dentin sialophosphoprotein, enamelin, tuftelin) [119] and
hydrophobic fusion protein [120]. However, the contribution of these
proteins in mineralization in vivo is highly hypothetical. Lipids, espe-
cially PS [121,122] and CHOL [123,124] may also participate in the
nucleation of apatite, which indicates that vesicles other than MVs may
have the ability to induce the nucleation of apatites. On the other hand,
MVs concentrate a very high TNAP activity [10,125,126]. Also, an
adequate supply of intravesicular Pi to initiate mineralization is ensured
by a dual mechanism, i.e., accumulation of Pi generated intravesicularly
by the action of PHOSPHO1 on PC derived from SM and by PiT-1-
mediated incorporation of Pi from extracellular medium and generated
extravesicularly by TNAP and/or NPP1 (Fig. 3A). The extravesicular

propagation of mineral onto the collagenous ECM is mainly controlled
by the pyrophosphatase activity of TNAP that restricts the concentra-
tion of the potent mineralization inhibitor PPi by maintaining a Pi/PPi
ratio conducive to controlled mineralization. Indeed, the Pi/PPi ratio
during biomineralization is a turning point between physiological and
pathological mineralization [127,128]. With a Pi/PPi ratio above 142,
MVs induce the formation of apatite only. When the ratio is between 24
and 124, MVs induce poorly crystalline apatite as well as other
types of minerals but not calcium pyrophosphate dihydrate (CPPD,
Ca2P2O7 × 2 H2O). When the ratio is below 24, MVs induce CPPD [20].
Excess of PPi can lead to CPPD deposits in cartilage as seen in chon-
drocalcinosis [129] or in acute calcium pyrophosphate crystal arthritis,
often referred to pseudo-gout [130,131]. Additionally, phosphorylated
OPN, another potent mineralization inhibitor that binds to apatite mi-
neral as soon as it is exposed to the extracellular fluid [132], further
restricts the degree of ECM mineralization (Fig. 3C). Furthermore, MVs
bind strongly to collagen [14–17] contributing to the propagation of
mineralization (Fig. 3C). Taken together, these facts indicate that MVs
are involved with the initiation of the mineralization process [10] in an
efficient manner. At least in vitro, other types of vesicles [98], including
unidentified types of vesicles [133], intracellular vesicles [98] or nat-
ural pro-nucleating agents [113–120] as well as necrotic cells and
cellular remnants [98] may also contribute to the mineralization pro-
cess. All these patterns of mineralization are the result of different ac-
tivities of one cell type [98].

4.3. Why and how can MVs bind to collagen?

Chondrocytes are able to synthetize an ECM rich in type II collagen
[51–53], while osteoblasts produce a type I collagen rich ECM. Type I
collagen and fibronectin matrix deposition are required for MC3T3-E1
osteoblast differentiation [59,60]. Co-expression of TNAP and a fibrillar
collagen are required to induce mineralization [134]. TNAP can bind to
collagen contributing to maintain MVs linked to the ECM [135]. MVs
released by chondrocytes [31] and by osteoblast-like cells [32] contain
calcium-binding proteins of the annexin family: AnxA2, AnxA5 and
AnxA6. MVs from chondrocytes can bind to type II collagen and to type
X collagen [16]. AnxA5 [136] and proteoliposomes in the presence of
AnxA5, but not in the presence of AnxA2 or AnxA6 [17], can bind to
type II and type X collagens. However, AnxA5 and AnxA6 may not
represent the essential annexins that promote mineralization in vivo
[137,138]. Neither the development of skeletal elements nor the in vitro

Table 2
Phospholipid composition of basolateral membrane, microvilli-like membranes and ma-
trix vesicles extracted from Saos-2 cells. BLM, basolateral membranes; Microvilli (from
apical membranes); MVs, matrix vesicles; PE, phosphatidylethanolamine; PA, phospha-
tidic acid; PI, phosphatidylinositol; PS, phosphatidylserine; PC, phosphatidylcholine; SM,
sphingomyelin. Chromatogram scans were analyzed by densitometry using ImageJ soft-
ware. Values are expressed as apparent percentages (intensity of the lipid to intensity of
total phospholipids) (Results are mean ± SD, n = 3).
Adapted from [81].

BLM Microvilli MVs

% of total phospholipids

PE 38.1 ± 2.6 35.9 ± 2.5 35.8 ± 1.9
PA 5.1 ± 1.1 3.4 ± 0.3 3.5 ± 0.6
PI 9.9 ± 0.9 7.4 ± 1.5 6.7 ± 0.3
PS 9.9 ± 0.4 16.4 ± 1.2 16.3 ± 1.3
PC 32.6 ± 1.8 26.9 ± 2.2 26.2 ± 1
SM 4.4 ± 0.6 9.9 ± 0.9 11.5 ± 1

Table 3
Enzyme activities in basolateral membrane (pellet B), microvilli and matrix vesicles extracted from Saos-2 cells. Succinate dehydrogenase (marker of inner mitochondrial membrane),
NADH oxidase (marker of both outer mitochondrial membrane and endoplasmic reticulum), acid phosphatase (marker of lysosomes), leucine aminopeptidase (marker of apical mem-
branes) and alkaline phosphatase (marker of plasma membranes and MVs). Pellet A stands for cell debris, pellet B corresponds to basolateral membranes, supernatant C corresponds to
microsomal and cytosolic fractions, pellet 2 corresponds to cell debris and supernatant 3 stands for extracellular matrix (see Fig. 4). ND: not detectable; E: enrichment (Results are
mean ± SD, n = 3).
Adapted from [32].

Digest Pellet A Pellet B Microvilli Supernatant C Pellet 2 MVs Supernatant 3

Proteins mg 30.4 ± 0.1 12.2 ± 0.8 2.4 ± 0.6 0.5 ± 0.1 5.8 ± 1.1 2.2 ± 0.2 0.7 ± 0.2 7.7 ± 1.7
% 100 40 8 2 19 7 2 25

Succinate dehydrogenase Umg−1 2.1 ± 0.1 4.3 ± 0.8 2.3 ± 0.4 ND ND 2.1 ± 0.2 ND ND
% 100 80.7 8.7 ND ND 7 ND ND
E 1 2 1.1 ND ND 1 ND ND

NADH oxidase Umg−1 13.5 ± 1.2 24.4 ± 4.1 20.1 ± 5.8 5.6 ± 1.0 8.1 ± 2.2 7.2 ± 1.1 1.9 ± 0.6 ND
% 100 72.6 11.8 0.6 11.5 3.8 0.3 ND
E 1 1.8 1.5 0.4 0.6 0.5 0.1 ND

Acide phosphatase Umg−1 2.3 ± 0.2 4.4 ± 0.3 2.6 ± 0.6 1.1 ± 0.2 ND 4.42 ± 0.8 0.7 ± 0.02 ND
% 100 79 8.7 0.7 ND 12.7 0.7 ND
E 1 2 1.2 0.5 ND 1.8 0.3 ND

Leucine aminopeptidase Umg−1 1.0 ± 0.1 0.7 ± 0.1 1.2 ± 0.2 6.8 ± 0.8 0.8 ± 0.8 2.1 ± 0.3 5.3 ± 0.9 0.5 ± 0.1
% 100 28.5 9.4 9.7 15 14.6 11.8 11.3
E 1 0.7 1.2 6.6 0.8 2 5.1 0.5

Alkaline phosphatase U Umg−1 8.4 ± 0.4 3.2 ± 0.2 7.1 ± 0.2 110 ± 6 2.1 ± 0.4 14.1 ± 2.4 121 ± 13 1.22 ± 1
% 100 15 6.7 19.3 4.9 11.9 33.4 3.7
E 1 0.4 0.9 13.1 0.3 1.7 14.4 0.1
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mineralization properties of isolated chondrocytes is significantly im-
paired by the absence of AnxA5 [139,140]. Therefore, AnxA5 is dis-
pensable for the formation and maintenance of skeletal elements in the
mouse, which points to a possible compensatory effect of other mem-
bers from the annexin family due to their high functional and structural
similarity. Consistent with this hypothesis, primary chondrocyte cul-
tures isolated from rib cartilage of newborn AnxA6−/− mice showed
delayed terminal differentiation as indicated by reduced terminal dif-
ferentiation markers, including TNAP, matrix metalloproteinase-13,
osteocalcin and Runx2, and reduced mineralization [141]. Besides
AnxA2, AnxA5 and AnxA6, also AnxA1 and AnxA7, but not AnxA4, are
selectively enriched in MVs of Saos-2 cells upon stimulation for mi-
neralization [142]. So far, AnxA2, AnxA5, AnxA6 and TNAP are among
the very few known proteins of MVs able to bind collagen (Fig. 3C).
This does not exclude the possibility that other MV proteins may bind to
collagen since there is a strong association of MVs with collagen
[14–17]. Collagenase-treatment of growth plate tissues releases a large
amount of functional MVs, while omission of collagenase-treatment
leads to vesicles displaying poor mineralization ability [45].

4.4. What are the functions of MVs?

A well-established function of MVs is the initiation of apatite for-
mation due to their high TNAP activity that hydrolyzes extracellular
PPi, a physiological inhibitor of apatite formation [1,2,8–10]. It was
recently speculated that MVs might mediate cell signaling [143]. The
presence of bone morphogenetic proteins (BMP-2 and BMP-4) ascer-
tained by Western Blot analyses of MVs indicated that MVs may serve as
a carriers of morphogenetic information to nearby chondrocytes and
osteoblasts [143]. A similar line of reasoning might apply to many other
MV proteins, among them TNAP, which can stimulate not only miner-
alization but may also affect cell differentiation. The presence of mi-
croRNA (miRNAs) in MVs [144] suggests that MVs can function as
signalosomes in cell-cell communication during cartilage and bone
development via transfer of specific miRNAs. However, it remains to be
determined whether such cell-cell communication occurs in vivo. The
average life span of MVs as determined in vitro is 1–3 h [18–20]. Once
apatite forms, MV membranes break, releasing their lumen content, and
possibly also signaling molecules. Secondly, MVs bind to collagen
[14–17] produced by the cells from which they originate, preventing
long-distance displacement. Thirdly, MVs are probably surrounded by
many dying cells from which they were released during late stages of
differentiation [50–54,58]. Taken together, these findings suggest that
cell-cell communication mediated by MVs, if it exists, would be of a
limited occurrence and of a short distance, i.e., rather autocrine or
paracrine in nature. This does not exclude the possibility that other
types of EVs participate in cell-cell communications during differ-
entiation and maturation of cells [145]. Chondrocytes can produce EVs

including EXs and microvesicles, which may act as mediators in cell-to-
cell communication by transporting various proteins, miRNAs and
mRNAs [146]. It was proposed that EXs participate in communication
networks integrating bone cells (osteoclasts, osteoblasts, osteocytes) as
well as to other tissues [147]. The identification of proteins, miRNAs or
other molecules in MVs and/or in EVs, isolated from healthy and dis-
eased tissues, and comparison of their contents will reveal markers of
human diseases and possible components of cell-to-cell signaling.

4.5. When is apatite formed?

Accumulation of Ca2+ and Pi was observed by X-ray micro-analy-
tical mapping of chondrocyte surface blebs suggesting that initial
Ca2+/Pi complexes and apatite are formed by chondrocytes [148]. Si-
milar findings were observed in osteoblast-like Saos-2 cells (Fig. 5).
Saos-2 cells [149] and osteoblasts [150] produced vesicles containing
electron-dense material as probed by TEM. Ca2+ and Pi were mostly co-
localized inside vesicles as monitored by X-ray analysis (Fig. 5) in-
dicating possible formation of apatite or Ca2+/Pi complexes (Fig. 5).
One possible mechanism of transporting Ca2+ despite the very low
Ca2+ concentration in the cytoplasm, assumes that AnxA5 may act as a
carrier protein and transport Ca2+ from mitochondria and/or other
organelle to the inner leaflet of the plasma membrane where it binds to
PS. In vitro modeling confirmed the possibility of inducing the forma-
tion of Ca2+/Pi complexes in proteoliposomes containing PS, AnxA5,
Ca2+ and Pi [151]. It is tempting to suggest that Ca2+, Pi, AnxA5 and
PS complexes, accumulated in lipid rafts within microvilli-like mem-
branes, constitute the MV nucleation core. Of note, analysis of neonatal
mouse calvaria osteoblasts by high angle-annular dark-field scanning
TEM and electron-loss spectroscopy revealed the presence of dense
materials containing Ca2+ and Pi in intracellular vesicles (IVs) and in
mitochondria [152]. It was speculated that a direct transport of Ca2+

and possibly Pi between mitochondria and IVs toward the ECM might
initiate mineralization. However, this speculation is not substantiated
by experimental facts. Indeed, there are many unanswered questions:
How and where are IVs formed? Are they guided to the apical side of
the cells? Do they contain TNAP and, eventually, is TNAP anchored
inside? What are the lipid and protein compositions of the IVs? Do they
target plasma membranes or organelle membranes or are directly
exocytosed? On the other hand, MVs extracted from chondrocytes in
medium without Ca2+ revealed a population of MVs devoid of mineral
deposits [45], suggesting that MVs may bud off from chondrocytes
without formation of apatite. One likely mechanism is that either empty
MVs or MVs with pre-formed NC are released from the apical microvilli-
like cell membrane. Once in the extracellular medium, MVs accumulate
Ca2+ and Pi ions to initiate the nucleation process giving rise to apatite
[1]. Either mechanical stress or actions of phospholipases within MVs
may contribute to the breaking of MV membranes [153] enabling the

Fig. 5. Transmission electron microscopy cou-
pled with X-ray microanalysis of osteoblast like
Saos-2 cells. Saos-2 osteosarcoma cells were sti-
mulated for mineralization by treatment with
50 μg mL−1 ascorbic acid and 7.5 mM beta-gly-
cerophosphate for 7 days. Cells were washed in
physiological desensitization medium, fixed with
paraformaldehyde/glutaraldehyde mixture for
1 h and postfixed with osmium tetroxide for
20 min. After dehydration in ethanol series
probes were embedded in LR White resin at 56 °C
for 48 h. Finally the samples were cut with ul-
tramicrotome for 700 Å sections and counter-
stained with uranyl acetate for 1 h followed by

lead citrate for 2 min. The cells with vesicles were observed under high performance TEM JEM-1400 (JEOL Co., Japan) with a magnification of ×50,000 (A, bar 500 nm) and elemental
maps (B, Calcium, red and C, Phosphorus, green) were performed using energy-dispersive full range X-ray microanalysis system EDS INCA ENERGY TEM (Oxford Instruments, UK).
Presence of calcium and phosphorus were evidenced in vesicles containing dense materials. Co-localization of both elements (D, yellow) and quantitative determinations (E, Calcium, red,
Phosphorus, green, Calcium to Phosphorus, yellow), provided evidence of calcium and phosphorus deposition inside vesicles, suggesting apatite deposition in MVs.
Adapted from [149].
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release of apatite from MVs to extracellular medium and spreading
mineralization in the vicinity of collagen [1].

4.6. How is the luminal content of MVs established?

Proteomic analysis of chondrocytes [31] and of osteoblast-like cells
[32] revealed the presence of some cytoplasmic proteins in MVs. Just to
mention a few, there are those implicated in glucose and energy me-
tabolism such as aldolase A, enolase 1, creatine kinase, glucose phos-
phate isomerase, lactate dehydrogenase A, phosphoglycerate kinase,
pyruvate kinase, and those involved in cytoskeleton elements such as
beta-actin, filamin B, actinin alpha-1, actinin alpha-4, tubulin, radixin,
plastin, gelsolin and myristoylated alanine-rich C-kinase substrate.
Considering the proximity of genesis of MVs near cytoskeletal struc-
tures and microvilli-like membranes, we hypothesize that the proteins
localized close to the actin cytoskeleton in the vicinity of microvilli-like
membranes may be captured by MVs during exocytosis. Indeed most of
the annexins found in MVs are colocalized with actin [154–158]. Sev-
eral enzymes related to energy metabolism and to the actin cytoske-
leton found in MVs are markers of microvilli [31]. There is, probably, a
specific recruitment of proteins toward the actin cytoskeleton and mi-
crovilli-like membranes due to their respective affinities. Such specific
recruitment of proteins may perform particular functions prior to MV
release. The question remains as to whether or not these cytosolic
proteins perform their function also in the lumen of MVs and if cells
finely control their recruitment.

5. Functions of MVs during pathological mineralization

5.1. Is TNAP activity in MVs essential for mineralization?

TNAP activity is a straightforward indication of the ability of cells to
mineralize the ECM. Therefore, TNAP activity in MVs often correlates
with mineralization ability of mineralization competent cells. In hu-
mans, the severe inherited absence of functional TNAP leads to peri-
natal death of fetuses devoid of minerals in their skeleton [159]. On the
other hand, the ablation of the gene encoding for TNAP in mice does
not prevent completely the ability of chondrocyte-derived and osteo-
blast-derived MVs to mineralize [29,160,161].

5.2. What are the characteristics of pathological mineralization?

Pathological mineralization concerns not only skeletal but also non-
skeletal tissues [1,2,5–8,162]. They are manifested by apatite deposi-
tion, often mediated by MVs [163], in soft tissues of tendons and/or
ligaments (calcific tendinitis and ankylosing spondylitis) [164], in ar-
terial media, in vascular mineralization induced by chronic kidney
disease [165,166] or by type 2 non-insulin-dependent diabetes mellitus
[167,168], in atherosclerosis [5,7,169,170], and in articular cartilage
[171]. Ectopic deposition of calcium-containing crystals, mostly com-
prising calcium pyrophosphate dehydrate (CPPD), basic calcium phos-
phate (BCP) and apatite, is observed in soft tissues during the devel-
opment of articular and cardiovascular diseases.

5.3. What are the characteristics of ectopic calcium-containing mineral
deposits by MVs in osteoarthritis?

Ectopic deposition of calcium-containing crystals occurs in the
midzone of the articular cartilage ECM and periarticular soft tissues in
several articular diseases. CPPD crystals are almost exclusively located
in cartilage ECM and observed in up to 20% of patients with chronic
pyrophosphate arthritis at the time of joint replacement [172,173], in
25% of patients with acute gout-like episodes of inflammation (pseudo-
gout), in approximately 5% of patients with rheumatoid arthritis (RA)
and in less than 5% of patients with neuropathic osteoarthropathy
[174]. BCP and apatite crystals are more widely distributed and found

in more types of calcific deposits than CPPD. The presence of BCP and
apatite crystals closely relates to OA severity and they are very common
in joint fluid and cartilage of patients with end-stage disease [172].
Indeed, calcium-containing crystals are present in the synovial fluid
extracted from the knee joints of up to 70% of OA patients [175]. De-
posits of BCP are also present in periarticular soft tissues and can elicit
tendonitis, bursitis and acute calcific periarthritis [174]. Despite the
acknowledged role of calcium-containing crystals in OA, their precise
role in pathogenesis is still not known. Ali observed MVs in OA cartilage
(articular cartilage vesicles or ACVs) associated with “cuboid” crystals
and mineral nodules, but not with needle-shaped apatite crystals, ap-
proximately thirty years ago for the first time [176]. Since then several
reports demonstrated the ability of ACVs to release crystals in OA, but
not in normal cartilage [177–179]. Under physiological conditions,
ACVs originate from autophagosomes and are externalized through
membrane blebbing in a caspase-3 and Rho/ROCK-dependent way
[180]. Nevertheless, OA chondrocytes have been demonstrated to have
defective autophagic machinery, thus other mechanisms other than
autophagy may regulate ACV and/or MV biogenesis and release in OA
joints [181]. Although clear evidence is still lacking, crystal deposition
by ACVs has been postulated to be controlled by the PPi/Pi ratio
through the same network of enzymes (e.g., TNAP, NPP1, PHOSPHO1
and SMPD3) and membrane transporters (e.g., PiT1) regulating mineral
generation by MVs in growth plate cartilage. Indeed, based on in vitro
observations, CPPD and BCP or apatite crystals cannot be formed at the
same time and same place due to the Pi/PPi ratio [127,128,182]
regulated by the activities of antagonistic enzymes such as TNAP and
ANK or NPP1 [183]. It was suggested that CPPD crystals may form in
places distinct from those typical for BCP and apatite crystal formation
or may appear sequentially during ageing [163,182]. Therefore a dis-
tinction between CPPD deposits and BCP or apatite deposits is war-
ranted due to their distinct conditions of formation. Recent works
showed that the interaction of calcium-containing crystals with chon-
drocyte toll-like receptors (TLRs) regulates the composition of cartilage
ECM [184]. TLR activation leads to increased expression of the pro-
inflammatory cytokine interleukin-1 beta (IL-1beta) and matrix me-
talloproteinases (MMPs) such as a MMP1 and MMP13. These enzymes
directly or indirectly alter cartilage ECM composition by decreasing
proteoglycans and type-II collagen content and increasing type-I col-
lagen content, as in the case of OA. Calcium-containing crystals may
also contribute to the composition of cartilage ECM by affecting the
secretion of other types of EVs, including exosomes and non-miner-
alizing microvesicles, which act as immunomodulators [185]. Con-
versely, the composition of cartilage ECM regulates the release of cal-
cium-containing crystals by ACV. Rosenthal et al. showed that the
presence of type I collagen in the matrix surrounding ACVs stimulates
the release of CPPD and BCP crystals from vesicles treated with ATP and
beta-glycerophosphate, respectively, whereas the presence of type II
collagen and proteoglycans inhibited ACV-induced mineralization
[186]. Additionally, studies of mineralization on non-articular cells
showed that IL-1beta induces mesenchymal stem cells to undergo a
massive mineralization driven by a decrease in the activity of NPP1
[187] and/or a stimulation of TNAP [188]. IL-1beta might regulate
ACV mineralization in OA joints through a similar mechanism. Taken
together, these studies suggest an important role of ACVs in OA de-
velopment due to ability of ACV-released calcium-containing crystals to
induce a positive feedback loop of events that ultimately leads to joint
inflammation and cartilage degradation and altered biomechanics.

5.4. What are the characteristics of MVs in ectopic vascular mineralization?

Ectopic vascular mineralization involves accumulation of apatites in
the medial and intimal layers of the wall of blood vessels and is
common in the elderly and patients with chronic kidney disease (CKD),
atherosclerosis and diabetes mellitus [5]. The earliest steps of this
process are thought to be driven by a network of tightly regulated
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events resembling that regulating normal endochondral mineralization
of bone. Indeed vascular cells can transdifferentiate to an osteogenic
phenotype and form nodules for the deposition of BCP crystals in the
form of apatites. Microvascular pericytes, human aortic valve inter-
stitial cells (ICs), vascular smooth muscle cells (VSMCs) and multi-
potent vascular mesenchymal progenitors are among the cells capable
of osteoblastic differentiation [66,189–191]. Similar to endochondral
mineralization of bone, vascular mineralization may be mediated by
MV-like bodies [95]. Several in vitro and in vivo experiments showed
that both healthy (proliferative) and mineralizing VSMCs release MV-
like bodies [166,192,193]. The mechanism of release of MV-like bodies
from VSMCs is not fully understood. The presence of vesicles in the
vessels of children with CKD on dialysis was ascertained and were in the
range size of 0.1 to 1 μm, filled with HA crystals and budding from
VSMC plasma membrane, consistent with their classification as MVs
[194]. Although they share similarities with osteoblast-released MVs
with enrichment of proteins implicated in mineralization and bone
development (e.g., annexins A1, A5 and A6, collagens type-I, V, VI and
XII), MV-like bodies released from VSMCs were 100-nm in diameter and
expressed the exosomal tetraspanins CD9 and CD63 on the surface [95].
These data suggested that VSMCs can release more than one class of
mineralizing vesicle during vessel mineralization. MVs released by
healthy VSMCs do not mineralize because of the presence in their
lumen of mineralization inhibitors, such as vitamin K-dependent and
apatite-binding protein, matrix gamma-carboxyglutamic acid (GLA)
protein (MGP) and fetuin A [195–197]. However an increase in Ca2+

and Pi leads to VSMC apoptosis, formation of apatite nodules and in-
creased local Ca2+ concentration. This, in turn, stimulates SMPD3 ex-
pression, which further promotes mineralization by increasing the re-
lease of MVs from VSMCs, by accumulation of uncarboxylated MGP and
by blocking fetuin A loading [198]. Accumulation of uncarboxylated
MGP and the block of fetuin A loading contribute both to vascular
mineralization by VSMCs transdifferentiated to an osteogenic pheno-
type. Remarkably, previous genetic reports have revealed a decrease in
expression and in nucleoside triphosphate pyrophosphohydrolase ac-
tivity of NPP1 is associated with apatite deposition in a 25-month-old
boy with idiopathic infantile arterial calcification (IIAC) [199,200].

These studies also note the absence of an effect of NPP1 transfection in
VSMCs on cell proliferation in vitro. Although the effect of NPP1 defi-
ciency on VSMC phenotype was not validated in vivo, these studies shed
the light on an alternative pathway of vascular mineralization that is
driven by the deficiency of mineralization inhibitors and is independent
of and/or preceding VSMC osteogenic trans-differentiation.

Key osteogenic markers, including TNAP, PHOSPHO1 and PiT1 also
play a critical role in regulating the process of VSMC mineralization
[201–203]. VSMC-driven arterial mineralization is aided by an addi-
tional mechanism in patients with CKD. During initial stages of ather-
osclerotic plaque mineralization, inflammation recruits macrophages,
which, upon Ca2+/Pi stimulation, release mineralizing membrane-
bound vesicles expressing CD9, tumor susceptibility gene 101 (TSG101)
and PS-S100A9-AnxA5 membrane complexes [204].

6. Can MVs be mimicked by proteoliposomes?

Proteoliposomes provide a means of reconstituting lipid vesicles
[205,206] that function like MVs, making these structures an advantageous
and convenient experimental model to understand MV-mediated miner-
alization. They may be constituted of a single type of lipid or a mixture of
lipids [207], with proteins and/or electrolytes [208–216]. Liposomes mi-
micking biomembranes [25,29,210,211,213–220] and multilamellar lipo-
somes [221–224] stimulating MVmineralization have been described. Since
no proteins responsible for Ca2+ uptake into MVs have been unequivocally
identified, it was proposed that one member of the annexin family could be
responsible. Liposomes containing anionic and neutral phospholipids, CHOL
and AnxA5 served as a model of Ca2+ uptake and confirmed the hypothesis
that AnxA5 may participate in Ca2+ influx in MVs [29,30]. Insertion of
TNAP into dipalmitoylphosphatidylcholine (DPPC), CHOL, SM and gang-
lioside liposomes [214,225] resulted in lateral phase segregation with the
formation of CHOL-rich microdomains, typical of lipid rafts. The same
phenomenon was observed by fluorescence microscopy in giant liposomes
(Fig. 6A) and giant TNAP-harboring proteoliposomes (Fig. 6B) consisting of
dioleoylphosphatidylcholine (DOPC), CHOL and SM. The presence of the
enzyme fluidified the vesicles, while the gradual increase in the complexity
of the vesicles decreased the activity of incorporated TNAP [214]. Electron

Fig. 6. Characterization of liposomes and proteoliposomes by different techniques. Fluorescence microscopy (60×magnification, scales bar of 20 μm, labeled with 2% rhodamine) of (A)
giant liposomes consisting of DOPC, CHOL and SM (8:1:1, molar ratio) and (B) 8:1:1 DOPC:CHOL:SM-giant liposomes harboring TNAP. Electron microscopy using negative staining of: (C)
Liposomes consisting of DPPC (D) DPPC-proteoliposomes harboring TNAP, both with 50×magnification. 3D topographic AFM images of (E) liposomes consisting of DPPC and DPPS (9:1,
molar ratio) (xy area is 1 μm× 11 μm and z axis from 0 to 84.50 nm) and scale bar of 250 nm and (F) 9:1 DPPC:DPPS-proteoliposomes harboring TNAP (xy area is 2.50 μm × 2.50 μm
and z axis from 0 to 40.81 nm) and scale bar of 250 nm.
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spin resonance measurements with spin labeled phospholipids showed that
GPI-anchored-TNAP probably localizes close to the membrane surface
[220], which can be related to the modulation of TNAP activity by
the lipid composition of the vesicles as previously reported
[29,205,210,211,213,214]. Comparisons of proteoliposomes and osteo-
blast-derived MVs or MVs deficient in TNAP, NPP1 or PHOSPHO1, using
natural substrates such as ATP, adenosine 5′-diphosphate (ADP) and PPi
confirmed the validity of proteoliposome models [23]. TNAP- and
PHOSPHO1-deficient MVs showed reduced mineralization ability, while
NPP1-deficient MVs hypercalcified. This demonstrates that the co-
operativity as well as the competition of TNAP, NPP1 and PHOSPHO1 for
the biomineralization substrates provides an additional level of regulation of
metabolite flow for the control of the mineralization process. The size of
DPPC proteoliposomes harboring TNAP is around 300 nm, as determined
by dynamic light scattering [213,219], and this is comparable to the median
size of natural MVs [210,219]. Therefore such DPCC proteoliposomes can
adequately serve as a model to examine TNAP function in the context of a
lipid membrane environment that mimics the MV environment. TEM of
empty DPPC liposomes (Fig. 6C) and of TNAP-proteoliposomes (Fig. 6D)
showed that enzyme reconstitution did not affect the morphology of the
liposomes [211]. The NC consisted mostly of AnxA5, amorphous calcium
phosphate complexes such as Ca3(PO4)2 and PS [18,72]. These findings
contributed to the design of proteoliposome models containing PS, Ca2+

and Pi complexes. Addition of other lipids such as PE or SMwith PS strongly
inhibited the nucleation activity while addition of AnxA5 promoted it
[151,226,227]. Proteoliposomes formed by PS, Ca2+ and Pi containing
either TNAP, NPP1, or both together induced mineral formation when in-
cubated in synthetic cartilage lymph containing 1 mM ATP as substrate; but
the induction of mineralization rate was equivalent at pH 7.5 and 8,
whereas it was considerably less at pH 9 [212]. Yet, proteoliposomes har-
boring both TNAP and NPP1 triggered significantly more extensive Pi-de-
pendent mineralization than TNAP-proteoliposomes, suggestive of additive
hydrolytic activities for NPP1 and TNAP. In DPPC and DPPC:dipho-
sphatidylserine (DPPS)-proteoliposomes harboring AnxA5 and TNAP, the
presence of AnxA5 affected the hydrolysis of TNAP substrates at physiolo-
gical pH [29]. AnxA5 was able to mediate Ca2+-influx into the DPPC and
DPPC:DPPS 10%-vesicles at physiological Ca2+ concentrations (~2 mM).
This process was not affected by the presence of TNAP in the proteolipo-
somes. These findings indicated that proteins such as AnxA5 and lipids
could modulate TNAP activity.

To understand how microdomains would affect the interaction of
proteoliposomes with type II collagen fibers, which corresponds to the
early MV activity during biomineralization, AFM images of proteoli-
posomes were recorded [228]. AFM images (Fig. 6E and F) revealed the
presence of microdomains with distinct viscoelasticity and suggested
that the presence of TNAP and AnxA5 induced local changes in mem-
brane fluidity, compatible with the generation of microdomains pro-
minent in TNAP-proteoliposomes (Fig. 6F) but were barely detectable
in AnxA5-proteoliposomes or in liposomes (Fig. 6E). A more complex
microdomain structure was observed for the proteoliposomes harboring
TNAP and AnxA5 concomitantly, resulting in a lower affinity for type II
collagen fibers compared to exclusive proteoliposomes harboring
AnxA5 alone [228].

The ultimate goal of the in vitro MVs biomimetic models is to re-
plicate in vitro the key events leading to the domain-induced MV bud-
ding, and the initiation of apatite crystal formation in chondrocyte- and
osteoblast-derived MVs. Once these proteoliposomes are obtained and
characterized, they can be added to fixed amounts of MVs, either WT or
deficient in specific enzymes, to modulate their in vitro mineralization
properties. Such MVs biomimetic proteoliposomes would be useful also
for many important translational applications. The enzymatic defects
associated with disease causing mutations in the TNAP molecule, such
as those found in hypophosphatasia [229] could be further elucidated
in a membrane vesicle that mimics the in vivo MVs to test their biolo-
gical consequences. Since these artificial vesicles adequately mimic the
kinetic behavior of the enzymes in the natural vesicular MV

environment [211,219], these proteoliposomes could also be used for
the screening of small molecule compounds able to modulate (inhibit or
activate) the activity of MV enzymes for potential therapeutic usage
[225,230].

7. Concluding remarks

Here we highlight some of the remaining open questions of MVs
biogenesis and (mal) function. One of the difficulties encountered,
when working with MVs is that most cells can produce various types of
microparticles ranging from ABs, EVs, EXs and MVs, with distinct
properties. These difficulties are exacerbated by the fact that the MVs'
properties depend on the level of maturation and differentiation of
cells: MVs are released at the end stage of differentiation, e.g., hyper-
trophic chondrocytes and fully differentiated osteoblasts, thus over-
lapping with possible release of ABs as well as other types of EVs.
Additionally, reliable purification of MVs remains a pressing issue, thus
making a clear understanding of the differences between the properties
of MVs and other types of EVs still a difficult task.

This review focused on the MVs released from osteoblasts and
chondrocytes owing to the similarities of their properties. These MVs
have a very distinct function with respect to other types of nano-
particles or microparticles which are a means to initiate mineralization.
In addition, unlike other types of microparticles, MVs reflect very well
the composition of lipid rafts with a lipid to protein ratio of around 2 as
compared to that of the plasma membrane around 0.5 [45]. MVs con-
tain several protein markers of lipid rafts (AnxA6, carboxypeptidase M,
H+ ATPase, G-proteins, TNAP as a GPI anchored protein, myristoylated
and palmitoylated proteins), as well has high CHOL and SM content to
be considered as markers of lipid rafts.

In this review, we also call attention to the yet unclear mechanisms
leading to the biogenesis of MVs. Although data have generally shown
MVs budding off the cell membrane [47,74–78], thus pointing to a
biogenesis pathway of MVs distinct from the endo/lysosomal pathway
of EXs [13], a recent report about the role of MVs in the pathogenesis of
OA suggests the possibility of an alternative pathway for the release of
MVs based on autophagosomes [180]. This has also shed light on po-
tential alternative functions of MVs in arthritic joints. Based on the
notion that chondrocytes acquire a hypertrophic phenotype during OA,
it is clear that the main role of MVs in OA is the pathological miner-
alization of the cartilage ECM. MV function has not been directly linked
to cell-cell communication. However, MVs may indirectly behave as
conveyers of information among joint cells during OA development.
Experimental findings have started shedding light on the complex ex-
change of molecular signals among joint cells mediated by EXs, whose
biogenesis, content and release is controlled by the presence of cyto-
kines, chemokines and other soluble factors in joint tissues. In this re-
spect, MV-released calcium-containing crystals can interact with
chondrocyte TLRs and stimulate the release of pro-inflammatory and
degrading enzymes, thus suggesting that MVs can contribute to OA
development not only through ECM mineralization but also by parti-
cipating in cell-cell communication [184]. However, the lack of well-
developed techniques to purify single types of EVs makes it difficult to
establish the exact role of MVs, EXs and other microvesicles in the
complex network of events that lead to the development of OA.

Finally, we described the use of MV-mimicking proteoliposomes as a
model system to understand the role of single MV components during
normal and pathological mineralization as well as to screen small
therapeutic molecules. The development of MV-mimicking proteolipo-
somes may have an additional advantage. Recent research has been
focused on the development of systems able to transport drugs to a
specific location with high spatial and temporal accuracy by using
carriers conjugated to targeting moieties [231,232]. In this regard,
proteoliposomes decorated with AnxA5, or other collagen-binding
moieties, and loaded with anti-inflammatory drugs can be developed to
enter the cartilage of OA patients following intra-articular injection and
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efficiently block further OA progression. Similarly, proteoliposomes can
be designed to target vascular tissues and slowly release the payload to
block mineralization. It is clear that further investigations on the
properties of MVs may lead not only to a better understanding of the
pathways regulating the MVs' cellular origin and mineral propagation,
but also the possibility to develop novel therapeutic strategies.
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